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ABSTRACT: We have used electron paramagnetic resonance (EPR) of spin-labeled scallop muscle, in
conjunction with laser flash photolysis of caged ATP, to resolve millisecond rotational transitions of the
myosin light-chain domain (LCD) during transient force generation. We previously used EPR to resolve
two distinct orientations of the LCD [Baker, J. E., Brust-Mascher, I., Ramachandran, S., LaConte, L. E.,
and Thomas, D. D. (1998)Proc. Natl. Acad. Sci. U.S.A. 95, 2944-2949], correlated these structural
states with biochemical states in the actin-myosin ATPase reaction, and showed that a small shift in the
steady-state distribution between these two LCD orientations (i.e., a net lever arm rotation) is associated
with force generation in muscle. In the study presented here, we measured millisecond changes in this
orientational distribution (i.e., the rates of transition between the two LCD orientations) in muscle following
flash photolysis of caged ATP, in both the presence and absence of Ca. The transient acquired in the
absence of Ca is dominated by a rapid (1/τ1 ) 37 s-1) disordering transition from the single orientation
in rigor to the bimodal orientation distribution observed for detached cross-bridges in relaxation (i.e., the
reversal of the lever arm rotation), followed by a recovery phase (1/τ2 ) 2.4 s-1) of very small amplitude
(small fraction of heads participating). In the presence of Ca, the transient exhibited a similar initial
disordering phase (1/τ1 ) 38.5 s-1), followed by a recovery phase (1/τ2 ) 8.33 s-1) of substantial amplitude,
corresponding to the forward rotation and ordering of the lever arm. A standard kinetic model was used
to fit these data, revealing rate constants consistent with those previously determined by other methods.
Surprisingly, a comparison of the EPR transients with force transients reveals that the rate of force
development (91 s-1) is faster than the rate of the forward lever arm rotation (8 s-1). This observed
relationship between the kinetics of the lever arm rotation and transient force development in muscle
provides new insight into how myosin both generates and responds to muscle force.

The goal of muscle research for the past 20 years has been
to identify the molecular mechanism responsible for force
generation. The proposal that the light-chain domain of
myosin II in muscle fibers rotates upon activation to serve
as a lever arm (2) has much experimental support (1, 3-5).
An electron paramagnetic resonance (EPR)1 sensitive spec-
troscopic probe (spin label), attached to the regulatory light
chain (RLC) of myosin, has been shown to rotate ap-
proximately 36° upon activation of muscle fibers (1). This
LCD rotation, corresponding to a myosin biochemical
transition from a weak to a strong actin-binding state, appears

to be the major molecular movement responsible for force
development in muscle (6).

The relationship between myosin mechanics and muscle
mechanics has previously been inferred from comparisons
of actin-myosin ATPase kinetics and force transients in
muscle. These studies provide the basis for most current
muscle contraction models (7, 8). The spin-labeled muscle
fiber system used to describe the 36° light-chain domain
rotation provides an exciting opportunity to directly correlate
myosin structural rearrangements with a change in muscle
force, by simultaneously measuring EPR and muscle me-
chanics transients. These measurements provide a direct link
between the molecular mechanisms of force generation,
myosin ATPase kinetics, and force generation kinetics.

These kinetics experiments employ the technology of the
rapid release of caged ATP (9-11) throughout the muscle
fiber lattice with a burst of laser light. A typical experiment
begins with a muscle fiber in the rigor state in the presence
of 10 mM caged ATP, with essentially all myosin heads
bound strongly to actin. Upon laser flash-induced photolysis
of caged ATP (c-ATP), ATP is released and causes the
muscle fiber to relax (in the absence of Ca) or to generate
force (in the presence of Ca). EPR provides a linear readout
of resolved structural states, so when a single point in the
EPR spectrum is monitored for changes after photolysis, the
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rate of this change provides a measurement of the rate of
structural transitions during relaxation or contraction. These
rates can then be compared to previously measured rates for
steps in the myosin ATPase cycle for a more accurate
description of how myosin structure, biochemistry, and force
generation are linked in muscle.

It has been shown previously (6) that the EPR spectrum
of the weak-binding myosin structure contains two orienta-
tional components that correspond to the splayed heads of
the myosin dimer (5, 12, 13), suggesting that the ATP-
induced transition from the strong-binding to weak-binding
structure (not the ATP hydrolysis step) is the mechanism
for the reversal of the lever arm rotation. In the study
presented here, we report the time course of the reverse lever
arm rotation and compare this transient structural transition
to the kinetics of ATP-induced actin-myosin detachment.
EPR transients following Ca activation of the muscle fibers
reveal the forward lever arm rotation rate. This experimental
system provides the opportunity to simultaneously monitor
myosin structural changes and force generation. A compari-
son of the rates of force development and the redistribution
of myosin weak- and strong-binding states (rotation of the
light-chain domain) yields intriguing results about changes
in the force borne per myosin head during force development.
Our kinetic data are discussed in terms of a previously
described two-state model of muscle contraction (14).

MATERIALS AND METHODS

RLC Purification and Labeling. RLCs were purified from
chicken gizzard myosin (15) and spin-labeled with the
3-(5-fluoro-2,4-dinitroanilino)-2,2,5,5-tetramethyl-1-pyrrolidinyl-
oxy spin label (FDNASL) by incubating 40µM RLC with
100µM FDNASL (pH 7 and 4°C) for 20 h. The spin/protein
ratio was 0.9( 0.1, indicating complete and specific reaction
with the single thiol on Cys108.

Scallop Fiber Preparation and RLC Exchange.Fiber
bundles were prepared from scallop (Placopecten magel-
lanicus) adductor muscle (16) without Triton treatment.
Bundles of 0.4-1.0 mm were dissected either from fresh
tissue (all mechanical experiments) or from bundles of tissue
that were stored at-20 °C in 50% glycerol and 50% buffer
A [40 mM NaCl, 0.1 mM NaN3, and 10 mM MOPS (pH
7)] with 2 mM MgCl2. Dissected bundles approximately 25
mm in length and 0.2 mm in diameter were tied on both
ends with surgical silk thread to hold them isometrically and
then put in borosilicate capillary tubes with an inner diameter
of 1.0 mm and an outer diameter of 1.5 mm. Extraction of
native RLC and addition of chicken gizzard RLC were
performed as described previously (6).

Fiber Mounting.For experiments in the TM cavity, three
to four exchanged bundles were trimmed to 10 mm in length,
tied together, and threaded through a single borosilicate
capillary tube. These bundles could then be monitored for
force changes during the experiment. For experiments in the
TE cavity, three to four exchanged bundles were secured to
a Kel-F flat cell cover plate. The cover plate (10 mm× 4
mm) had a well with a depth of 1 mm (volume of 25µL) in
which eight pairs of holes were drilled. Surgical silk thread
was threaded through these holes to form a series of loops
down the long edges of the well. Fibers were threaded
underneath these loops, the loops were pulled taut, and the

fibers were trimmed to span the well. The cover plate was
secured to a quartz-Suprasil flat cell (WG-807, Wilmad)
using vacuum grease.

Force Measurements.Isometric force was measured
simultaneously during EPR spectrum acquisition as described
previously (6) with slight modification. The thread on the
end of the bundle opposite the strain gauge was threaded
into a chamber and through a hole in a brass bar. The thread
was secured to the bar with Devcon Duco Cement. This bar
could then be turned to adjust the starting tension of the fiber.
The chamber was then closed with a seal containing a small
hole through which solution was continuously flowed over
the fibers using a LKB Microperpex (Bromma, Sweden)
peristaltic pump at a rate of 0.2 mL/min.

Force data sets were collected using a LabView (National
Instruments, Austin, TX) program written by R. Loegering.
In force traces accompanying steady-state EPR spectra, 128
data points/s were acquired and then averaged into a single
point plotted each second. In force traces accompanying
transient EPR spectra, 10 000 data points/s were acquired
and then averaged so that 1000 points were plotted every
second (1 ms time constant).

ActiVation of Fibers by Photolysis of c-ATP. Transient
experiments were initiated by a single 10 ns pulse of 351
nm light from a XeF excimer laser (LPX200i; Lambda
Physik, Acton, MA) focused directly into the optical port of
the TE cavity or through a single slit in the optical grating
of the TMA cavity. The light was focused such that the entire
sample was uniformly exposed. Prior to activation, the fibers
were washed first with rigor buffer and then relaxation buffer
and then returned to rigor buffer. A caged ATP solution was
then added. A LabView (National Instruments) program
written by J. Grinband controlled the initiation of laser firing
and EPR acquisition.

EPR Spectroscopy and Analysis.EPR spectra were ac-
quired on a Bruker EleXsys 500 X-band spectrometer.
Steady-state EPR spectra were obtained in the conventional
manner, sweeping the magnetic field through 120 G with a
time constant and conversion time of 40 ms, with four scans
per spectrum. Transient data sets were acquired by selecting
a single field position (the low-field peak, termed M2 at
∼3442 G, of the muscle fiber spectrum in rigor, Figure 1)
and acquiring intensity changes at this field position over a
period of 1 s, with a time constant and conversion time of 5
ms. A digital “gate” (constructed by R. Bennett) was placed
in front of the spectrometer signal channel to eliminate a
sharp (∼10 ns) signal artifact due to the laser pulse and
photolysis of c-ATP. It has been shown previously that EPR
spectra in this system are a linear combination of two spectral
components corresponding to distinctorientational states
(M1 and M2) of the myosinhead (light-chain domain),
differing in axial orientation by 30-40° (1, 6). That is, at
every field position, the EPR spectrum is given byV ) x1V1

+ x2V2, wherexi is the mole fraction. Those studies also
showed that the spectrum is a linear combination of two
structural statesof the two-headed myosinmolecule: V )
xSVS + xWVS, wherexS is the fraction of molecules in the
strong-binding state, in which both heads have the M2
orientation, andxW is the fraction of molecules in the weak-
binding state, in which one head has the M2 orientation and
the other has the M1 orientation. Sincex1 + x2 ) xS + xW

) 1, x2 ) 0.5 + 0.5xS and xS ) 2x2 - 1. Thus, the EPR
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transientV(t) at any spectral position is proportional to both
x2(t) andxS(t).

Exponential Fits of Transient Data.Exponential fits and
data smoothing were performed in Microcal Origin 6.0.
Individual relaxation and contraction transients were aver-
aged and smoothed with an 11-point Savitzky-Golay filter,
and then the first 2 s ofeach transient was fit to the following
equation using the Levenberg-Marquardt algorithm:

Kinetic Modeling of Transient Data.Kinetic modeling of
the transient traces was done using the program Gepasi 3
(17-19). The data were fit to a five-step kinetic mechanism
(Scheme 1), constrained by literature values as discussed in
Results. Each step was defined using the mass action kinetic
type; all steps except for the first were considered reversible.
The EPR signal was assumed to be proportional to the mole
fraction xS of myosin molecules in the strong-binding
AM‚D and AM states, and it was the change in this parameter
over time that was fit using the Levenberg-Marquardt
method, with a stopping criterion of 10-5. (The fitting
procedure stops when the relative change in the objective
function and the average relative change in the adjustable
parameter values are both smaller than this value.)

Reagents and Solutions.Rigor buffer contained 20 mM
MOPS, 5 mM MgCl2, 1 mM EGTA, and 0.1 mM NaN3.
Relaxation and contraction buffers contained, in addition, 5
mM ATP, 20 mM creatine phosphate, and 0.25 mg/mL
creatine phosphokinase; the contraction buffer had a pCa of
4.0. Caged ATP buffers contained 20 mM MOPS, 15 mM
MgCl2, 1 mM EGTA, 20 mM creatine phosphate, 0.25 mg/
mL creatine phosphokinase, 10 mM glutathione (to protect

fibers from free radical damage), and 10 mM c-ATP;
c-ATP contraction buffer had a pCa of 4.0. The ionic strength
of all buffers was adjusted to 200 mM with potassium
propionate. Creatine phosphokinase was supplied by
Boehringer-Mannheim. Caged ATP{P3-[1-(2-nitrophenyl)-
ethyl]adenosine 5′-triphosphate, disodium salt} was supplied
by CalBiochem. All other reagents were supplied by Sigma.

RESULTS

The design of these transient EPR experiments was based
on steady-state EPR spectra previously described [Figure 1
(1, 6)]. Analysis of spectra acquired from scallop muscle
fibers containing a spin-labeled RLC revealed the constant
presence of two spectral components, regardless of the
physiological state of the fibers. The population distribution
between these components is modulated by changing the
physiological state of muscle (rigor, relaxation, and contrac-
tion). These spectral components correspond to two distinct
orientations of the LC domain of myosin separated by
approximately 36°. In rigor, most (>90%) of the LC domains
occupy the M2 orientation (Figure 1), so M2 is the LC
domain orientation induced by strong actin binding. Upon
relaxation by addition of ATP, half of the LC domains rotate
to occupy the M1 orientation, showing that when myosin is
in the weak-binding state, the myosin dimer stabilizes a
splayed head configuration (5, 12, 13). When Ca is added
to initiate contraction, a small fraction of myosin LC domains
(between 12 and 17%) rotate from the M1 to the M2
orientation, corroborating previous evidence that only a small
fraction of heads is responsible for force generation (1, 20).

By following the intensity of the spectral peak associated
with strong actin binding (M2) upon release of caged ATP,
we characterize the kinetics of the relaxation of the myosin
dimer structure upon dissociation from actin (Figure 2). A
single field position was identified, and intensity was
monitored prior to, during, and following the laser flash that
releases ATP from the chemical cage component surrounding
the terminal phosphate group. Intensity changes occurred on
the millisecond time scale. To capture the kinetics of the
forward lever arm rotation associated with the strong-binding
transition, Ca was added to the reaction mixture before

FIGURE 1: Steady-state EPR spectra of scallop muscle fibers labeled
with FDNASL on Cys108 of the RLC (6). Fibers were aligned
parallel to the magnetic field. M1 is the structural component that
is more populated in weak-binding states. This state has an EPR
spectrum indicating that the principal axis of the rigidly bound
nitroxide spin label is oriented at 38° with respect to the muscle
fiber backbone (aligned with the magnetic field). M2 is the strong-
binding state, in which the probe is oriented at 74°. The percentage
of heads in each structural state is indicated.

Scheme 1: Actomyosin ATPase Kinetic Cycle Used To
Analyze Transient Data

Y ) (A1 - c)e-t/τ1 + A2(1 - e-t/τ2) + c (1)

FIGURE 2: Single-field position monitored in an effort to capture
the transient shift in population. (a) The muscle fiber begins in the
state of rigor (black spectrum) in the presence of c-ATP. A flash
of light causes the muscle fiber to relax (gray spectrum). The
intensity of the circled peak decreases to the steady-state relaxation
level (right side). (b) As in relaxation, except that Ca is present,
resulting in contraction (black spectrum) upon release of c-ATP.
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photolysis. As shown in Figure 2, the signal intensity
decreases upon photolysis of c-ATP in either the presence
or absence of Ca, since the initial condition is rigor, in which
most LC domains are in the M2 orientation. As explained
in Materials and Methods, the vertical axis in the EPR
transient is proportional to bothx2, the fraction of heads in
the M2 orientation, andxS, the fraction of myosin molecules
in the strong-binding structural state.

Relaxation Transient.Upon photolysis of c-ATP in the
absence of Ca, the EPR signal falls rapidly, indicating a
complete depopulation of the strong-binding myosin struc-
tural state (50% depopulation of M2) within milliseconds
(Figure 3). This is followed by a slower recovery phase with
a much smaller amplitude. The biexponential fit gives aτ1

of 0.027( 0.008 s-1 (1/τ1 ) 37 ( 8 s-1) and aτ2 of 0.41
( 0.27 s-1 (1/τ2 ) 2.4 ( 0.9 s-1). The rate of the rapid
phase of this structural transient (1/τ1 ) 37 ( 8.4 s-1)
compares favorably to the rate of ATP binding and actin
detachment, which is the biochemical step responsible for
muscle relaxation. Previous measurements of the rate of
scallop muscle fiber relaxation yield a value of 38.7( 3.4
s-1 (21), although a direct comparison cannot be made since
this number was obtained by monitoring the tension decline
following the release of a caged chelator that rapidly removes
Ca from active scallop muscle fibers. Measurement of force
transients during the release of cATP in the absence of Ca
showed a large initial increase in force, followed by a decay
to essentially zero force (data not shown).

Contraction Transient.Upon photolysis of c-ATP in the
presence of Ca, the EPR transient is clearly biphasic (Figure
4). In the first phase of the transient, there is a rapid decrease
in the signal intensity, corresponding to an essentially
complete depopulation of the strong-binding structural state,
just as in the absence of Ca. This is followed by a slower
phase in which approximately half of the amplitude recovers
as the system approaches the steady state of ATP hydrolysis.
The mean recovery in six trials was 38( 8%, in agreement
with the steady-state value of 34% (1, 5). The exponential
fit gives aτ1 of 0.026( 0.007 s-1 (1/τ1 ) 38.5( 8.2 s-1)
for the rapid initial (falling) phase and aτ2 of 0.12( 0.03
s-1 (1/τ2 ) 8.3 ( 1.9 s-1) for the slower (rising) recovery
phase. Presumably, the rapid phase corresponds to ATP
binding and detachment from actin (resulting in net backward
rotation of the lever arm on one of two heads in each myosin
dimer), and the slower phase corresponds to the forward
rotation of the lever arm in a fraction of myosin molecules,
approaching a steady-state distribution in which approxi-
mately one-third of the myosin molecules (one-sixth of the

heads, since the binding is probably single-headed) are in
strong-binding states (5).

Upon release of ATP in the presence of Ca, force is
generated rapidly (Figure 5). Surprisingly, maximal force is
achieved prior to the complete redistribution of structural
states as monitored by the spectral changes in M2. An
exponential fit to the rate of force development yields aτ1force

of 0.0110( 0.0002 s-1 (1/τ1force ) 91 ( 2 s-1), in close
agreement with previous measurements using c-ATP, which
determined the rate to be at least 41 s-1 (22). The force
transient then shows a slow declineτ2force of 0.240( 0.004
s-1 (1/τ2force ) 4.2 ( 0.1 s-1).

Kinetic Modeling of Contraction Transients.The EPR
transient in contraction (Figure 4) was fit to the kinetic model
defined by Scheme 1. The kinetic simulation yielded the
time-dependent concentration of each of the intermediates
in Scheme 1. This allowed us to calculate the EPR observable
xS(t), which is the molar fraction of myosin molecules in the
strong-binding states (AM and AM‚ADP). Rate constants
were varied to minimize theø2 between the simulated and
observed values ofxS(t). The fit was constrained as indicated
in Table 1, based on rate constants from the literature for
scallop myosin, when possible, and rabbit myosin when
scallop values were unavailable. Table 1 shows a comparison
of the rate constants determined by the fitting procedure with
known rate constants from the literature. Figure 6 shows the
result of the best fit.

DISCUSSION

One of the main questions this paper seeks to address is
how the structural transitions detected by EPR compare to
known rates of the myosin biochemical cycle. Scheme 2

FIGURE 3: Transient rotation of spin-labeled RLC, induced by
photolysis of caged ATP in the absence of Ca. The average of six
transients is superimposed on the two-exponential fit.

FIGURE 4: Transient rotation of spin-labeled RLC, induced by
photolysis of caged ATP in the presence of Ca. The average of
nine EPR transients is superimposed on the two-exponential fit.

FIGURE 5: Transient force generation (gray, isometric force) and
EPR (black, from Figure 4) following photolysis of caged ATP in
the presence of Ca.
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illustrates the basic actomyosin ATPase cycle, emphasizing
that the biochemical reactions modulate actin-myosin
affinity between weak- and strong-binding states. The
transition from weak to strong binding occurs with phosphate
release and has been postulated to be the force-generating
step (8). Our previous steady-state EPR studies were the first
to directly correlate a discrete lever arm rotation with strong
actin binding, Pi release, and force generation in muscle
(1, 6, 29). Although these previous studies provide significant
insights into the mechanochemical relationships in muscle
that exist after a steady state is reached, they do not define
the relationships between muscle force, myosin structure, and
biochemistry in the transient phase that leads to the steady
state. As demonstrated in this paper, these transient relation-
ships provide surprising new insights into the mechanisms
of muscle force generation.

Transient LeVer Arm Rotations.Following the photolysis
of c-ATP, we observe (Figures 3 and 4) a rapid decrease in
the EPR signal, corresponding to a reversal of the lever arm
rotation (M1f M2, 1/τ1 ) 38.5 s-1 with Ca and 1/τ1 ) 37
s-1 without Ca). Because this lever arm reversal is thought
to be the result of the relaxation of a myosin dimer within
the M‚T state (6), we conclude thatτ1 is the time it takes
for a myosin dimer to detach from actin upon ATP binding
and relax to its splayed configuration (12, 13). This fast
falling phase is followed by a slower rising phase in the EPR
transient, which corresponds to a forward lever arm rotation
(the M2 f M1 working step, 1/τ2 ) 8.3 s-1 with Ca and
1/τ2 ) 2.4 s-1 without Ca). (The lever arm rotation rate refers

to the inverse frequency of a relatively discrete lever arm
rotation, not an angular velocity of the lever arm.) This slow
phase is observed both in the presence and in the absence
of Ca, where the small amplitude for this phase in the absence
of Ca probably results from partial constitutive activation
due to incomplete light-chain exchange. Since an ATP-
regenerating solution is being employed, it is unlikely that
the slow phase is due to depletion of ATP.

Kinetic Model of the EPR Contraction Transient.The fit
to the EPR spectral transient shown in Figure 6 was obtained
using a standard kinetic analysis of the actomyosin ATPase
cycle shown in Scheme 1, giving the rate constants shown
in Table 1. Using the reverse lever arm rotation as our
spectroscopic signature, the second-order rate constant we
obtained for ATP-induced actin-myosin dissociation (k+2

) 2.0× 105 M-1 s-1) is lower than that measured in solution
for the ATP-induced dissociation of scallop S1 from actin
[k ) 1.6 × 106 M-1 s-1 (24)]. Presumably, this is because
we measure an additional structural relaxation that follows
the detachment step measured in solution. The forward and
reverse hydrolysis rates in scallop muscle are unknown, but
the rates from the fit are realistic. The forward hydrolysis
rate is much slower relative to the reverse rate than the
measured rates of hydrolysis in rabbit fibers (Table 1),
suggesting that the predominant weak-binding state is the
prehydrolysis state, A‚M‚ATP. The turnover number pre-
dicted by the fit is 4 s-1, which is comparable to the measured
turnover number from fibers of this preparation [7.8 s-1 (30)].

The kinetic model that we used to fit our EPR transients
employs standard enzyme kinetics methods to generate the
best fit to the data. However, our kinetic model does not
take into consideration the effects of force on actin-myosin
ATPase kinetics. Upon comparison of our EPR transients
with muscle force transients, it appears that describing the
interplay between mechanics and kinetics is critical for
explaining the molecular basis for force transients in muscle.

Transient Force Generation.Force transients following
the photolysis of c-ATP in the presence of Ca in scallop
muscle show an initial fast phase of force development
followed by a slow decline in force. The two phases seen in
our mechanical transients have rates (1/τ1force ) 91 s-1 and
1/τ2force ) 4.2 s-1) similar to those of the two phases in our
simultaneously measured EPR transients (Figure 5). Whereas
skeletal muscle fiber force transients show an initial decline
in force after release of cATP (31), such a decline was not
previously described for scallop muscle force transients (22)
and is not a prominent feature of our mechanical transients.
We speculate that this difference is due to the difference in
regulation between the two muscle types (see the model

Table 1: Comparison of Literature Rate Constants and Those Determined from a Kinetic Fit of EPR Dataa to Scheme 1

rate constant constraints (min, max) rate constant from the fit literature value muscle source ref

k+1 fixed not applicable 118 s-1 not applicable 23
k+2 1.0× 105 M-1 s-1, 3.0× 106 M-1 s-1 2.0× 105 M-1 s-1 ( 0.5 1.6× 106 M-1 s-1 scallop 24
k-2 fixed 0 ∼0 rabbit 25
k+3 1 s-1, 10 s-1 4.5( 1.6 s-1 30 s-1 rabbit 26
k-3 10 s-1, 40 s-1 37 ( 9 s-1 20 s-1 rabbit 27
k+4 250 s-1, 650 s-1 480( 80 s-1 300s-1 rabbit 26
k-4 1.0× 105 M-1 s-1, 2.0× 105 M-1 s-1 1.8× 105 M-1 s-1 ( 0.4 2.2× 105 M-1 s-1 rabbit 26
k+5 0.5 s-1, 10 s-1 8.8( 2.1 s-1 6 s-1 scallop 28
k-5 1.0× 106 M-1 s-1, 4.0× 106 M-1 s-1 2.7× 106 M-1 s-1 ( 0.7 2.1× 106 M-1 s-1 scallop 24

a Uncertainties are the standard error of the mean from six trials.

FIGURE 6: Kinetic modeling fit to EPR contraction transient data
(Figure 4). The fit function is the fraction of myosin molecules in
strong-binding states (AM and AM‚ADP), based on Scheme 1.

Scheme 2
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section below). On the basis of the above discussion of the
EPR transients, we would have predicted that the fast phase
of the force transient, corresponding to the ATP-induced
actin-myosin detachment, would involve a decrease in force
and that the slow phase of the force transient, corresponding
to the M2 f M1 working step, would involve a force
increase. Instead, we observe just the opposite (Figures 3-5).
The lever arm reversal associated with actin-myosin dis-
sociation correlates with a rapid increase in force, whereas
the forward lever arm rotation associated with actin-myosin
binding (thought to generate force) corresponds to a decrease
in force. These surprising results can be explained with a
simple model that involves balanced internal forces within
rigor muscle, strain-dependent ADP affinities, and a steady-
state distribution of states that is determined by muscle force.

Model for the Rapid Generation of Force Associated with
ATP-Induced Actin-Myosin Dissociation. Figure 7 illustrates
a model that can explain the rapid force increase that
coincides roughly with the M2f M1 EPR transient and
precedes the M1f M2 EPR transient (Figure 5). Step 1
shows the process that leads to the rigor state and precedes
the photolysis of ATP: with the trailing head already strongly
attached in the M2 state (Figure 7, left), the leading head
binds to actin and undergoes its working step (M1f M2
transition). This step results in both heads being bound
strongly to actin, in the M2 orientation, at the expense of
internal strain (Figure 7, middle). We observe that the rigor
head orientation (M2) is unaffected by strain, confirming
previous results (32), and so in Figure 7 we illustrate
molecular strain localized to a region other than the light-
chain domain.

Since force is adjusted to zero in rigor (Figure 7, middle)
by the experimenter, negative strain in the trailing head must
be balanced by positive strain in the leading head. These
forces could be intramolecular (balanced within individual
myosin dimers, as depicted) or intermolecular (balanced
among myosin heads). At this point, ADP is bound to most
heads, but we propose that ADP affinity is greater for the
positively strained heads. Therefore, upon ATP release
(Figure 7, step 2), ATP binding and detachment is more
likely to occur first on the negatively strained head, resulting
in the generation of positive force (Figure 7, right). Accord-
ing to this model, the rapid force development observed
following the photolysis of c-ATP is the result of positively
strained internal cross-bridge forces adding to the external

muscle force when the balancing negatively strained cross-
bridges detach from actin. On the basis of observed force
transients in smooth muscle following the photolysis of
c-ATP, a similar conclusion was reached (33). Here this
hypothesis is bolstered by a direct correlation between rapid
force generation and cross-bridge detachment.

An alternative point of view is that the rapid phase
corresponds to force generation by weak binding cross-
bridges. However, our EPR studies (1, 6, 29) and single-
molecule mechanics studies of myosin (34) indicate that
weak-binding cross-bridges cannot generate significant forces.

Interestingly, rapid force generation associated with actin-
myosin detachment appears to be most pronounced in thick
filament-regulated muscle such as scallop muscle, which
suggests that it is related to the mechanism of thick filament
regulation. For example, assuming that the aforementioned
internal strain is intramolecular (within a myosin dimer), it
may be that calcium binding to (in the case of molluscan
muscle) or phosphorylation of (in the case of smooth muscle)
the RLC makes the dimer more pliant. This would make it
easier for the trailing head of a dimer to bind to an actin
filament when the leading head is already bound, effectively
increasing the rate of actin-myosin binding. This potential
mechanism for thick filament regulation is supported by our
observation that the rapid force transient upon addition of
ATP is minimized in muscle fibers that have been consti-
tutively activated through the selective removal of one light
chain from myosin dimers (data not shown). As previously
mentioned, skeletal muscle instead shows an initial drop in
tension (31), suggesting that there are fewer negatively
strained heads bound or that the actin-myosin detachment
kinetics (e.g., ADP release or ATP binding) is less sensitive
to strain.

Model for a Slow (RelatiVe to Force Generation) Weak-
to-Strong Binding Transition.EPR has shown that the
forward lever arm rotation has been correlated with the weak-
to-strong binding biochemical transition (M1f M2) and
force generation in steady-state muscle studies (1, 29).
However, in the transient studies reported in this paper, the
forward lever arm rotation rate (8.33 s-1) is slow relative to
the rate of force development (91 s-1). Here we discuss
possible explanations for this observation.

Our data imply that cross-bridges can transiently generate
a large average force per cross-bridge (in Figure 4, muscle
force is near a maximum when the fraction of strong-binding
heads is near its minimum) that cannot be sustained in the
steady state (Figures 3-5). Thus, the approach to steady state
involves a dynamic redistribution of both cross-bridge forces
and biochemical states. For example, if the force generated
by the initial transient is to be maintained as the steady state
is approached, a decrease in the average force per cross-
bridge must be compensated by an increase in the fraction
of force-bearing strongly bound myosin heads. Thus, we
suggest that the slow EPR transient, corresponding to a net
shift from weak- to strong-binding states, reflects a com-
pensatory redistribution of cross-bridge forces and biochemi-
cal states on approach to the steady state. In the end, as
suggested by our previous studies of mechanochemical
coupling in muscle (14, 29), it is the binding energy for the
weak-to-strong binding transition that determines the steady-
state force, and the steady-state force in turn determines (in

FIGURE 7: Model consistent with EPR and force transients. Actin
is depicted as a black block, and compliant elements within myosin
are depicted as springs. Before ATP release, negative and positive
strains are balanced within the myosin molecule (middle), but upon
ATP release, the detachment of the negatively strained head results
in positive external force (right).
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a Boltzmann fashion) the steady-state distribution of myosin
states. That is

whereA andd are constants.
In our experiments, it appears that the redistribution of

cross-bridge forces and states on approach to the steady state
actually involves a slight dissipation of force (Figures 3-5),
and (consistent with the above equation) the shift in the
distribution of states from M‚D‚Pi to A‚M‚D follows this
decrease in muscle force. Thus, we suggest thatτ2 is the
time it takes to reach a steady state after photolysis of c-ATP,
and that this relaxation time is influenced by the force-
dependent kinetics of the entire ATPase reaction.

A similarly slow (relative to force development) approach
to the steady-state ATPase rate following the photolysis of
c-ATP was previously demonstrated by He et al. in skeletal
muscle (35). They interpreted this slow approach to a steady
state as a redistribution of myosin molecules among force-
bearing strongly bound states. However, in this paper, we
show that the slow approach to steady state involves a net
shift of myosin heads from weak- to strong-binding states.
As discussed above, this requires a dynamic redistribution
of cross-bridge forces as well as a redistribution of cross-
bridge biochemical states.

Conclusions.The transient kinetics of the myosin lever
arm rotation and its reversal yield two dramatic results. The
fast phase of the EPR transient following photolysis of c-ATP
corresponds to an axial rotation of the light-chain domain
(a reverse lever arm rotation), which presumably occurs when
the myosin dimer relaxes to its splayed configuration. This
structural relaxation is critical for positioning the myosin head
at an orientation that maximizes the force it can generate
with the subsequent forward lever arm rotation. Surprisingly,
we observe that rapid force development is closely associated
with this actin-myosin detachment step, suggesting that ATP
binds preferentially to negatively strained cross-bridges in
rigor muscle and the force transient results from the positively
strained cross-bridges that remain bound to actin. The slow
phase of the EPR transient corresponds to a net lever arm
rotation associated with the establishment of a steady-state
distribution of weak- and strong-binding heads. Surprisingly,
the rate of this lever arm transient is much slower than the
rate of force development, suggesting that the approach to
steady state involves a redistribution of cross-bridge forces
as well as a redistribution of biochemical states. In general,
this study implies that the kinetics of the actin-myosin
ATPase reaction are significantly influenced by the forces
that are generated, and that describing the complex interplay
between cross-bridge mechanics and chemistry is critical for
understanding the molecular basis for force-generating
transients in muscle.
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